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Abstract

Adenosine triphosphate (ATP), the general fuel of the cell, is the primary product of

photosynthesis in most bacteria, and it is one major product, accounting for about

20% of the captured light energy, in oxygenic photosynthesis by cyanobacteria and

plants. The proton driven ATP synthase is a paradigmatic enzyme that has it all, an

electrical rotary motor being coupled to a rotary chemical generator by a mechanical

power transmission. The simplicity and robustness of its construction is just splendid.

This chapter describes the interplay of proton pumps and the ATP synthase in photo-

synthetic organisms and the structure and function of this remarkable enzyme in

bacteria and eukarya.

21.1 Introduction

Nature uses adenosine triphosphate (ATP, see Figure 1) as the common fuel to
drive chemical syntheses, transport, information processing and other activities
of the cell. The (pseudo-)standard molar free energy of ATP hydrolysis is
DG1ATP-ADP¼�30 kJmol�1. Its single-molecule mechanical equivalent,
�50 pNnm, which equals �12kBT, expresses the fact that ATP hydrolysis
provides the necessary driving force to win over chaotic thermal impact, whose
energy input is related to the product of the Boltzmann factor (kB) and the
temperature (T/K).

ATP is regenerated from adenosine diphosphate (ADP) and (inorganic)
phosphate (Pi) by photosynthesis (photophosphorylation) and respiration
(oxidative phosphorylation). Although the total content of ATP and ADP in
an organism is small, the daily turnover can be large. Some ten grams contained
in the human body are cycled around to the daily equivalent of the bodyweight.

Figure 1. Magnesium adenosine 50-triphosphate, Mg-ATP.
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In purple bacteria ATP-formation accounts for 100% of the useful work
recovered from sunlight and in green plants still for 20%.

Fritz Lipmann had already emphasized the universal role of ATP in cellular
metabolism in 1941. In 1954 Dan Arnon discovered the production of ATP
upon illumination of broken chloroplasts [1]. At that time it was assumed that
photosynthetic or oxidative electron transport generated a phosphorylated
chemical intermediate followed by phosphoryl-transfer to ADP [2], a mecha-
nism coined substrate level phosphorylation. During the ongoing but futile
search for the supposed phosphorylated intermediate Peter Mitchell stirred up
the research community when he claimed, in 1961, that ATP might be formed
without such an intermediate. Instead, he envisaged the direct coupling of ATP
synthesis to proton flow as driven by the transmembrane difference of the
electrochemical potential, which he coined protonmotive force [3,4]. He named
this hypothesis ‘‘chemiosmotic’’. It became evident that chloroplasts can use an
artificially induced pH difference to produce ATP [5], and/or a light induced
voltage difference [6]. The bacteriorhodopsin-driven proton pump from
H. halobium was co-reconstituted in liposomes with the mitochondrial ATP
synthase, and they were shown to be functionally coupled by protonmotive
force [7]. Ion-driven ATP synthesis and its reversal, ion-pumping under ATP
hydrolysis, are now well established in archaea, bacteria and in chloroplasts
and mitochondria of eukarya.

The molecular details of the coupling mechanism were not touched upon by
Mitchell’s hypothesis. The discovery in 1960 of an ATP synthase in mi-
tochondria and the isolation of its soluble portion, the ‘‘coupling factor’’
(F1), acting on a membrane-embedded portion (now known as F0) by Ephraim
Racker and his co-workers [8] started the search for a molecular mechanism.
Three decades after Mitchell’s first proposal, the joint attack by protein
chemistry, molecular biology, structural biology and biophysics has disclosed
the astounding fact that proton flow across the enzyme is mechanically coupled
to ATP synthesis.

Around 1990 it was established that ATP hydrolysis occurred in alternation
between at least two equivalent reaction sites on F1 by what Paul Boyer coined
the ‘‘binding change mechanism’’ [9]. A rotary mechanism, involving three
catalytic sites, was considered as a possibility [10] (see [11] for review). The
crystal structure of bovine mitochondrial F1, elucidated by John Walker and
his colleagues [12], suggested that rotation, and not alternation, was nature’s
choice (see [13] for a review). The structure revealed six nucleotide binding sites
falling into two classes that are now understood as catalytic and non-catalytic –
their position alternates in the hexagon of (ab)3. In the crystal structure the
former three were differently filled, being empty, containing ADP, and AMP-
PNP (as ATP analogue). This was interpreted as a still picture of three, in
principle, equivalent catalytic sites that, when driven by the rotation of the
central stalk, change their role, one binding ADP and P, the next processing it
into ATP and third releasing ATP and so on, cyclically. A rotary mechanism is
supported by a biochemical assay using cleavable crosslinks [14]. It was time
resolved by polarized laser-photometry [15], and spectacularly proven by
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Hiruyuki Noji in the laboratories of Masasuke Yoshida and Kazuhiko
Kinosita, who applied a fluorescent actin-filament to the rotor portion of the
immobilized enzyme and videographed the rotation [16].

The present view of the ATP synthase is that of a molecular twin machine.
The catalytic function is contained in the soluble portion (F1) and the ion-
transporting function in the membrane-intrinsic portion (F0), each being a
rotary motor/generator. They are coupled by a central rotary shaft and held
together by an eccentric stalk (Figure 2B). Figure 2(B) also accounts for the fact
that there are crystal structures on certain portions of the enzyme and less
detailed information on others.

This chapter starts with an up-to-date view of the tenets of the chemiosmotic
theory, covers proton pumps and pathways, the proton-to-ATP stoichiometry
and the enzyme regulation in a physiological context. Up to this point it is
focused on photosynthetic organisms. The subsequent description of ATP
synthase as a rotary electro-mechano-chemical transducer merges knowledge
obtained with this enzyme from different kingdoms of life. This accounts for the
fact that the enzyme emerged before the separation of archaea and eubacteria,
and that it has been conserved to an astounding similarity over the former and
in chloroplasts and mitochondria of eukarya.

Usually, the terms F-ATPase, F0F1-ATPase, and ATP synthase are used
synonymously. The proton driven, membrane-intrinsic portion is termed F0

(for historical reasons the suffix reads capital O, not zero) and the peripheral
portion that performs ATP synthesis/hydrolysis is termed F1. Where species
specific properties are discussed, the letters C for chloroplast, M for mito-
chondrion, B for purple bacterium, E for E. coli, T for the thermophilic Bacillus
PS3, P for the Na1-translocating P. modestum, and A for archaeon annexed to
the F. Thus, CF0F1 denotes the ATP synthase of chloroplasts.

Figure 2. (A) Chemiosmotic mechanism of ATP synthesis. (B) ATP synthase.
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21.2 Chemiosmotic Energy Coupling

The synthesis/hydrolysis of ATP proceeds according to the following reaction
scheme (written for aqueous medium at pH 8, for stability constants see [17]):

ADP3� þ P2�
i þHþ $ ATP4� þH2O ð1Þ

Before 1960 it was assumed that photosynthetic or respiratory electron
transfer was directly linked to ATP synthesis. Bob Williams introduced a
new twist by emphasizing a role for the proton [18,19]. He thought of electron
transport generating an extreme acidic milieu ‘‘inside the membrane’’ to shift
the equilibrium [eqn. (1)] towards ATP. Taken at face value (ADP, Pi and ATP
had to be moved into and out of the membrane!) this view had obvious flaws
right from the beginning, but in milder form ‘‘membrane localized’’ protons
have remained around for quite a while. At the same time Peter Mitchell also
emphasized the role of protons, but he took the membrane simply as a
permeability barrier between two aqueous phases and postulated two now
well-established properties of the membrane: (i) zig-zagging vectorial electron/
hydrogen transfer, generating a difference of the electrochemical potential of
the proton between the aqueous phases, and (ii) the ATP synthase utilizing the
‘‘protonmotive force’’ by transporting protons from the acid and electro-
positive side to the alkaline and negative one [3,4]. It implied adding of m
‘‘vectorial protons’’ to the one ‘‘scalar proton’’ in eqn. (1).

ADP3�
n þ Pi2�n þHþ

n þmHþ
p $ ATP4�

n þH2OþmHþ
n ð2Þ

Herein m denotes the number of protons that are transported from the positive
(p) side to the negative (n) side of the membrane for every ATP molecule that is
formed at the n-side. The scalar proton (H1

n) accounts for electroneutrality if
the ionization states of the nucleotides and of phosphate are as given in eqn. (1)
(written for pH 8). Broadly speaking, Mitchell’s concept, as simplified in Figure
2(A) has been validated, except for refinements, as given in Section 21.2.3.

21.2.1 Energetics

The basic tenets of the chemiosmotic hypothesis are proton pumps, which
generate a difference of the electrochemical potential across the coupling
membrane, and the ATP synthase, which couples the backflow of protons to
ATP synthesis (Figure 2A). The electrochemical potential difference of the
proton, in Mitchell’s term the ‘‘protonmotive force’’ (p.m.f.), is given by:

p:m:f : ¼ Dm0 � 2:3RTDpHþ FDj

If the aqueous phases have the same properties (their standard potentials being
equal, Dm0¼ 0) it reduces to:

p:m:f : ¼ �2:3RTDpHþ FDj ð3Þ
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wherein DpH and Dj denote the transmembrane pH difference (pHn–pHp) and
the electric potential difference (fn–jp in volt), T is the temperature (in Kelvin),
R is the universal gas-constant and F the Faraday constant. Under isothermal
and isobaric conditions the p.m.f. describes the maximum useful work that can
be derived from the translocation across the membrane of one mol proton. It is
equivalent to the molar Gibbs Free Energy difference, DGHþ . The often used
term ‘‘proton gradient’’, a lab slang, should be avoided, neither has the proton
any gradient nor does the local first derivative matter in this context. The
equivalence of the electrical and the chemical contribution to the p.m.f. in
determining the production of ATP holds only for the thermodynamic equi-
librium, i.e., for processes conducted at infinitely slow speed. Far from the
equilibrium, a physiologically more relevant regime, it is probably violated [20].

At 251C or 298.15 K the numerical factors are 2.3RT¼ 5.7 kJmol�1, and
2.3RT/F¼ 59mV, so that eqn. (3) accounts for the fact that a voltage of –59mV
contributes as much to the driving force as a pH difference ofþ1 unit. In single-
molecule terms these figures are often given in pN nm (‘‘pico-Newton-nano-
meter’’) or in units of kBT, with 5.7 kJmol�1 being equivalent to 9.5 pNnm or
2.3 kBT298.15.

In reality, the aqueous phases at both sides of a coupling membrane differ.
Not only are the membrane surfaces covered with fixed charges but the often
narrow ‘‘bulk phases’’ are differently filled with proteins, i.e., polyelectrolytes.
These complications invoke surface- and Donnan-potentials. Both are equilib-
rium potentials, i.e., the electrochemical potential of the proton at the surface
equals that in an adjacent bulk phase (if there is any bulk), but the distribution
of energy between the electric (Dj) and the chemical component (DpH) differs.

Peter Mitchell postulated that the strict coupling of ATP synthesis with the
transfer of m protons gives rise to the net reaction in eqn. (2). A cell synthe-
sizing ATP at higher velocity than it is consumed will eventually reach the
‘‘static head’’ where the forward and the backward reaction compensate each
other. If the consumers of ATP in the cytoplasm and those of p.m.f. in the
membrane are slow enough this state approximates the equilibrium, such that
the p.m.f. is balanced by the molar free energy of ATP hydrolysis:

m� p:m:f : ¼ DG0
ATP!ADP þ 2:3RT log

ADP½ � Pi½ � Hþ½ �
ATP½ � ð4Þ

wherein m denotes the proton-over-ATP stoichiometry (not necessarily an
integer, see below), [X] is the dimensionless activity of the respective species X,
and RT is as usual. All activities are dimensionless and normalized to 1M,

except for the one of the proton, where normalization is to 10�7
M (pH7).

DG1ATP-ADP, the pseudo-standard free energy of ATP hydrolysis is –
30 kJmol�1 at pH7, 1mMMg21, and an ionic strength of 0.2 M. For the
dependence of DG1ATP-ADP on these parameters see [21].

The balance between the stoichiometry-weighted p.m.f. [eqn. (4), left] and the
so-called phosphate potential [eqn. (4), right] determines whether ATP is
formed or hydrolyzed. In thermodynamic equilibrium they are equal. For
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illuminated chloroplasts the following stroma concentrations have been re-
ported: ATP (2.5mM), ADP (0.5mM), Pi (5mM), pH 8. The calculated phos-
phate potential [eqn. (4), right] is 53 kJmol�1. If the H1/ATP-stoichiometry
was 4, which is debatable (Section 21.2.4), the p.m.f. sustaining this phosphate
potential should amount to 2.3 pH units or 136mV.

21.2.2 Photosynthetic Membranes

Photosynthesis is of prokaryotic origin and so is ATP synthesis. Figure 3(A, C)
illustrates the outer and inner membrane of a purple bacterium, e.g., Rhodo-
bacter capsulatus, whose plasma membrane forms invaginations carrying the
whole complement for photosynthesis, named chromatophores (see also Chap-
ters 1 and 18). In prokarya, proton pumping is outward directed; the backflow
into the cytoplasm drives the synthesis of ATP, which is released into the
cytoplasm. The compartment into which protons are pumped is termed p-side
(positive side) and the opposite one n-side. If chromatophores are isolated by
sonication of bacteria they reseal as inside-out vesicles, so that protons are
pumped into their small lumen, and ATP is released into the suspending
medium. In the chloroplasts of green plants (Figure 3B and D) these former
invaginations are sealed off from the envelope. They form an interlaced

Figure 3. Photosynthetic membranes (schematic): (A, C) Purple bacterium with c

chromatophore [120], (B, D) Chloroplast with thylakoids. [Courtesy of Andrew

Staehelin.]
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network of thylakoid membranes. Protons are pumped into the lumen and
ATP is released into the chloroplast stroma. If thylakoids were fused into the
outer membrane of chloroplasts the lumen formed part of the peri- or exo-
plasma of the chloroplast. Thylakoids form a tightly apposed system of disk-
shaped membranes (these stacks appearing as ‘‘grana’’ in the light microscope)
with a repeat distance of only 20 nm and about 5 nm thin spacing in the outer
partitions and in the lumen. The grana are interconnected by ‘‘stroma lamellae’’
(Figure 3C, see also Chapter 1).

The volume of the lumen of one disk is so small that one wonders whether
the pH is well defined in such a small compartment. Taking the typical diameter
of one disk as 400 nm and a thickness of 5 nm, one calculates a volume of only
6� 10�22m3. At pH7, a proton concentration of 10�4molm�3, the number of
hydrated (‘‘free’’) protons in this volume is less than 0.05. Contrary to the first
impression, the smallness of the volume does not imply that the pH is ill-defined
so that it varies greatly from one disk to the other. Instead, protons dissociate
from and associate with thousands of buffering groups on proteins and lipids at
the lumenal surface of the membrane, each with a typical rate (at pH 7) of
104 s�1. This implies that the standard deviation from the average proton
concentration is very small indeed, such that the mean pH is well defined in the
time average at the millisecond time scale where ATP synthesis occurs.

Notably, the complicated web of grana and interconnecting stroma lamellae
in one chloroplast forms a very large contiguous sheet. Contiguity has been
evident from both structural and functional studies. The osmotic swelling of
broken thylakoids produces large blebs of up to 20 mm diameter [22] and EM-
pictures have suggested the interlacing of grana [23]. Studies on the electric
discharge rate in thylakoids have revealed that a single dimer of the potent
ionophore gramicidin accelerates the electric discharge across the membrane
patch containing at least 5� 107 chlorophyll molecules, which is close to the
estimated number of 2� 108 total per chloroplast [24]. This implies that almost
all electrogenic pumps can be (at least electrically) coupled with all ATP
synthases by one contiguous membrane. The tightly apposed grana lamellae
and the exposed stroma lamellae have different lipid and protein composition.
Photosystem II (PS II) is enriched in the stacked domains whereas Photosystem
I (PSI) and the F0F1-ATPase are located in the stroma-exposed regions of the
thylakoid membrane (see also Chapter 1). Their segregation by several 100 nm
does not bear much on the efficiency of coupling – it is only slightly lower for PS
II-driven photophosphorylation than for PSI-driven one.

21.2.3 Proton Pumps and Pathways

Absorption of a quantum of light induces a very rapid charge separation in
photosynthetic reaction centers. The vectorial electron transfer from the p- to
the n-side electrically charges the coupling membrane in less than one nano-
second (10�9 s). The high speed of voltage generation has been resolved
spectrophotometrically by using the molecular voltmeters that are intrinsic to
many photosynthetic membranes, namely the electrochromic response of
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carotenoids and chlorophylls [25–29]. The magnitude of the rapid voltage jump
induced, e.g., by a laser flash of nanosecond duration, ranges from 30 to 50mV
in thylakoids to 70mV in chromatophores [29,30]. These figures are broadly
compatible with structural data on photosynthetic membranes. In plant thy-
lakoids the membrane area per chlorophyll molecule has been estimated to be
2 nm2; there are about 600 chlorophyll molecules per two photosystems, and
the specific electric capacitance of biomembranes is usually 10�2 Fm�2.

Vectorial electron transfer causes net proton translocation by alternating
with vectorial hydrogen transfer. When Photosystem II of cyanobacteria and
plants or the related reaction centre of purple bacteria (BRC) reduce their
respective plant quinone, one proton per electron is taken up at the n-side of the
membrane. When PS II extracts electrons from water to produce dioxygen it
ejects one proton per electron at the p-side. Thereby, PS II is both electrogenic
(by primary electron transfer) and (net) proton pumping, the latter as the result
of one vectorial and two scalar reactions. The quinol that is formed at the n-
side of PS II, and likewise of BRC, acts as a hydrogen carrier when diffusing
over to the p-side to reduce cytochrome b6f in green plants, and cytochrome bc1
in bacteria (Chapter 20). Upon oxidation of the respective quinol at the p-side
one proton per electron is released. The two electrons from the quinol proceed
along different pathways. Whereas the first is transferred to plastocyanin (in
plants), cytochrome c6 (in cyanobacteria) and cytochrome c1 (in purple bacte-
ria), respectively, the second is transported back across the membrane within
the protein to eventually reduce quinone at the n-side. This Q-cycle (in
P. Mitchell’s terms [31]) is again both electrogenic and proton pumping, being
linked to proton uptake at the n-side and proton release at the p-side (for
details see Chapter 20). Plastocyanin and cytochrome c6 eventually reduce PSI
(in plants and cyanobacteria, respectively), and cytochrome bc1 reduces BRC
(in purple bacteria), and when another quantum of light drives the next rapid
charge separation it is again linked to proton uptake at the n-side. In oxygenic
photosynthesis the stoichiometry of protons pumped/voltage generated/elec-
trons transferred is 2:2:1 for the linear electron transport chain from water to
NADP1 and further on, and it is 3:3:1 including the cyclic operation and extra
proton pumping round of the cytochrome bc1 (b6f)-complex.

P. Mitchell’s concept that all proton pumps are electrochemically coupled
with all ATP synthase molecules by the same bulk-to-bulk protonmotive force
has been frequently challenged over the years and detailed models for localized
coupling were put forward, favoring, for example, neighbor-to-neighbor cou-
pling, or intra-membrane proton conducting domains, or enhanced proton
diffusion at the membrane surface (see [32–35] for reviews). The interest in these
models has since faded, except when dealing with alkaliphilic bacteria. These
organisms live at pH 10, and they reportedly sustain a bulk-to-bulk p.m.f. close
to zero. It has been difficult to understand how they can produce ATP by a
F0F1-type enzyme, if not by a non-Mitchellian mechanism [36]. The dogma of
bulk-to-bulk coupling has recently been reevaluated by standard theory of
proton diffusion and assuming an ‘‘infinite sink’’ for protons in the p-phase, as
encountered by alkaliphilic bacteria at pH 10 [37,38].
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Modeling under reasonable assumptions on turnover rates, the mutual
distance between proton pumps and ATP synthase molecules, and on the
curvature of the membrane revealed that the protonmotive force is greater in
the vicinity of a pump than farther away (Figure 4). This result was obtained

Figure 4. Steady-state pH-profiles at the surface of a proton-ejecting membrane [37].

(A) Proton distribution along a planar membrane containing only one proton pump.

The cylindrical axis z is perpendicular to the membrane plane, and the axis r is directed

along the membrane. The protons ejected by the pump are spread initially along the

membrane surface and then escape through the interfacial barrier (no proton sinks in the

membrane were considered). The turnover rate of the pump was 5� 102 s�1, the height

of the potential barrier was 0.12 eV, the surface potential was�0.06V, the bulk diffusion

coefficient of protons was 10�4 cm2 s�1; other details of the model are described in the

text. (B) Steady-state pH profile at the surface of sealed membrane vesicles with a radius

of 1 mm and surface pump density of 2.3� 1011 cm�2. The potential barrier as calculated

for the ionic strength of 0.1M (solid line) was used in modeling. The dashed line shows

the proton concentration as calculated without potential barrier.
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without invoking either of the following special mechanisms: (a) enhanced
proton diffusion at the membrane surface and (b) a diffusion barrier for
protons between the surface and the bulk phase. It holds for steady turnover
of pumps and ATP synthase [37,38]. The proton concentration away from one
continuously active singular pump and along the membrane surface facing an
infinitely alkaline medium is illustrated in Figure 4(A). The one away from the
surface of a pump-covered vesicle into the medium is given in Figure 4(B). The
effects are more pronounced if there is a diffusion barrier at the membrane
surface (solid lines in Figure 4), for which there is some evidence [38]. In
conclusion, the delocalized coupling concept of P. Mitchell is basically correct,
but it needs modification in as much as the surface-to-surface p.m.f. that drives
the ATP synthase may be greater than the bulk-to-bulk one. This effect is
particularly pronounced in alkaliphilic bacteria because they pump protons
into an alkaline medium (the ‘‘infinite sink’’) and it is much less so in
thylakoids, which pump protons into a finite volume, as has been discussed
elsewhere (see [37] and references therein).

21.2.4 H1/ATP Stoichiometric Ratio

The stoichiometric ratio between proton translocation and ATP synthesis has
been extensively studied in photosynthetic membranes using both non-invasive
generation of p.m.f. by illumination and an artificial one by mixing techniques
(pH-jump, salt-jump). The stoichiometric ratio of H1/ATP in thylakoid mem-
branes and in proteoliposomes was determined by two different approaches, (i)
thermodynamical by recording the equilibrium between the protonmotive force
and the phosphate potential [eqn. (4)] and (ii) kinetical, disturbing the equilib-
rium and recording the ratio of transient proton flow over transient ATP
synthesis/hydrolysis. Over the decades, published stoichiometric ratios went up
from 2 mol H1 per mol-ATP to over 3.3 to, eventually, 4, the latter figure being
the résumé of extensive work by three groups, H. Strotmann’s, B. Rumberg’s
and H. van Walraven’s (see [39] and the references therein). P. Gräber’s group
determined the same figure, namely 4� 0.3, for the reconstituted spinach
enzyme in liposomes [40]. This agreed figure has resulted from repeated, very
careful studies by both the thermodynamic and the kinetic approach, with the
enzyme from spinach and cyanobacteria, and by applying several independent
techniques to control the magnitude of the protonmotive force and the amount
of ATP synthesized/hydrolyzed. Nevertheless the figure of 4 is not compatible
with the structural symmetry of the chloroplast enzyme. The rotary electro-
motor, F0, of the chloroplast enzyme shows C14-symmetry, and the chemical
reactor, CF1, C3-pseudosymmetry. The former was determined by atomic force
microscopy of the isolated c-ring of CF0 [41] and the latter by X-ray crystal
structure analysis [42].

With 14 proton binding groups in CF0 and three chemical reaction sites in
CF1 one expects a H1/ATP-stoichiometry of 4.67 rather than 4. Imperfect
coupling of the enzyme (e.g., proton slip in the enzyme or leakiness of
the membrane) and a possible underestimation of the protonmotive force
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(e.g., because the surface-to-surface p.m.f. is greater than the determined bulk-
to-bulk p.m.f.) were both expected to rather overestimate the stoichiometric
ratio. Thus, the discrepancy between the structurally expected figure of 4.7 and
the thermodynamically and kinetically determined figure of 4 has remained
without a convincing rationale.

21.2.5 Regulation

Enzyme molecules are reversible catalysts. An enzyme is denoted as irreversible
to indicate that the proportion of active over inactive enzymes in an ensemble is
regulated, e.g., by product inhibition. The ATP synthase is regulated by
different techniques and in different extent in different organisms. In E. coli
the enzyme runs reversibly forward or backward depending on the needs of the
cell. If the p.m.f. is high, as under aerobic conditions, the enzyme synthesizes
ATP, or, should the respiratory protons pumps run low, as under anaerobic
conditions, it operates in the reverse direction, hydrolyzing the ATP provided
by glycolysis to generate p.m.f. If the chloroplast ATP synthase had the same
reversibility, at night, when the light-driven proton pumps of chloroplasts do
not work, it would hydrolyze the ATP generated by mitochondria. This is
avoided by both p.m.f.- and thiol-regulation of the chloroplast enzyme. CF0F1

is down-regulated (i) if the p.m.f. drops below a certain threshold and (ii) if the
electron-transport chain fails to sustain a sufficiently reducing milieu.

Figure 5 illustrates the behavior of the reduced (solid curve) and the oxidized
enzyme (broken curve) as a function of the p.m.f. The reduced enzyme
synthesizes ATP with a turnover number ranging up to 300 s�1 if the proton-
motive force exceeds 3.5 pH-units. If the p.m.f. is lowered from say 3.5 pH-
units to about 2.8 the rate of ATP hydrolysis equals the one of synthesis, i.e.,
net ATP production is zero. It makes the compensation point where eqn. (4) is
expected to hold. If the p.m.f. is lowered further, net ATP hydrolysis dominates
until at even lower p.m.f. the enzyme activity is shut off although its driving
force prevails. The oxidized enzyme, on the other hand, stops operation before
reaching the thermodynamic compensation point, because its p.m.f. threshold
for deactivation is augmented by more than a pH unit.

Thiol-regulation relates the activity of F-ATPase to the reducing power of
the linear electron transport chain. It is conferred to the enzyme via ferredoxin/
thioredoxin, and involves two closely spaced cysteine residues on subunit g.
These are present in the enzyme from green algae and higher plants, but absent
in those of bacteria and mitochondria. If these cysteines are engineered into g of
the cyanobacterium Synechocystis they confer redox modulation to the mutant
enzyme – so far, however, without any detectable benefit for the cell (see [43]
and references therein).

The F-ATPase from all sources is regulated by protonmotive force. At least
with CF0F1 both components, the transmembrane voltage and the pH differ-
ence, can activate the enzyme and they do so in equivalent proportion [eqn. (3)].
Activation might require the binding of more than one proton to the enzyme, it
is linked to the release of tightly bound ADP from F1 (see [44] and references
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therein), and it involves conformational changes of the e-subunit. The molec-
ular detail of p.m.f. regulation, with emphasis on the role of subunit e, is the
subject of active research (see [45] and references therein).

A low p.m.f. shuts down both the catalytic activity of F1 and the coupled
proton conductance of F0 (not the one of exposed F0, see Section 21.3.3.2). A
leak conductance of F0F1 is, however, induced at low ADP concentration
(o100 nM) and this ‘‘proton slip’’ has been interpreted as a safety valve,
protecting the membrane against over-voltage or over-pH-difference. That this
is not the case has been demonstrated in chloroplasts where proton slip is
blocked by as low as 200 nM of ADP (withmM Pi present) or with 2 mM ATP,
conditions that are always met in chloroplasts (see [46] and references therein).
Thus, proton slip does probably not function as a safety valve. A similar
behavior has been reported for a purple bacterium [47]. Viewed from today,
proton slip appears as a consequence of a loose grip of (ab)3 on subunit g if
only one out of the three catalytic nucleotide binding sites is occupied. This
allows ‘‘free’’ rotation of the rotary proton carrier F0 (see below).

Figure 5. Schematic representation of the p.m.f.- and thiol-regulation of CF0CF1

(redrawn after [121]). The rate of net ATP synthesis (positive branch) and hydrolysis

(negative branch) as function of the protonmotive force (in pH units), both under

oxidizing and reducing conditions. The arrow denotes the thermodynamic compensa-

tion point where the phosphate potential is expected to match the protonmotive force

according to eqn. (4). The calculated phosphate potential was about 57 kJmol�1 (room

temperature) (Figure 2 in [121]). That the calculated compensation point in the respec-

tive experiments implies a proton-over-ATP stoichiometry of 3.5 and not 4, as eventu-

ally agreed on by several laboratories, or 4.67, as suggested by the enzyme structure (see

above), illustrates the difficulties in correctly assessing the p.m.f.
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21.3 ATP Synthase (F0F1-ATPase)

21.3.1 Structure

Figure 6(A) illustrates the gross structure of ATP synthase. Its hydrophilic and
peripheral portion, F1, is mounted on the hydrophobic and membrane intrinsic
portion, F0. F1 and F0 are held together by a peripheral stalk and a central
shaft. The total mass of EF0F1 is about 530 kDa and the total height about
20 nm. Soluble F1 functions as an ATPase, and membrane embedded F0

without attached F1 as a proton-conductor. ATP hydrolysis/synthesis by F1

and proton translocation by F0 are mechanically coupled. The ‘‘rotor’’ (blue in
Figure 6A) rotates against the ‘‘stator’’ portion of the enzyme (brown). The
terms stator and rotor are arbitrary, what matters is their relative rotation
against each other. The functional rotational turnover time (milliseconds) is
longer than the rotational correlation time by diffusion of F0F1 (200 ms) [48].

The enzyme’s partial functions are attributable to different subunits. For
historical reasons the subunit nomenclature differs between organisms – the one
for E. coli is mostly used in the following. In E. coli the composition of the rotor
is gec10 (molecular masses: 31.4, 14.9 and 8.3 kDa) and the one of the stator
ab2d(ab)3 (molecular masses: 30.3, 17.2, 19.6, 55.3 and 50.2 kDa). In chlorop-
lasts and in purple bacteria a heterodimer, bb0, substitutes for the homodimer,
b2 [chloroplast nomenclature IV/I/II/d(ab)3], and in mitochondria there are
three subunits in the role of bb 0, named b, d and F6. In E. coli all subunits are
arranged on a single operon (unc). In chloroplasts the genes are distributed
between the plastome and the nuclear genome. The latter codes for three
subunits, namely g, d and b0 (alias II), and the former for the rest. The hexagon
of (ab)3 incorporates a total of six nucleotide binding sites. Only three are
catalytically active, they are considered in the following. These sites are mainly
formed by subunit b at the interface with subunit a.

Four key structural features of F1 are indicated in Figure 6(B), namely (i) one
out of a total of three catalytic nucleotide binding sites on subunit b (in red), (ii)
the central curved shaft, subunit g (in yellow), (iii) the hydrophobic bearing at
the N-terminal collar of (ab)3 anchoring the C-terminal end of g, and (iv) the
lever on subunit b that is moved back and forth by the rotating ‘‘crank’’-shaft.
These assignments were already made in 1994 when John Walker and collab-
orators described the first asymmetric crystal-structure of MF1 [2]. Their
function is illustrated in Movie 1. Asymmetric nucleotide occupancy in the
three catalytic subunits was apparently required to fix the position of the
central shaft in the hexagon of (ab)3. Crystal-structures with symmetric occu-
pancy of the nucleotide binding sites have produced lower resolution and, in
particular, blurred electron densities in the region of g [42,49,50]. In the
asymmetric crystal structure the convex side of the curved shaft faces the lever
on the particular b-subunit with an empty nucleotide binding site. One major
feature discriminating between a catalytic site filled with ADP and another one
with an ATP-analogue is the redirection of an arginine on subunit a from
pointing away from ADP to leaning over to contact the g-phosphate position of
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ATP, possibly a fixed but flexible counter-ion to lower the energy penalty of the
negatively charged g-phosphate in the protein.

John Walker and his colleges obtained several different asymmetric crystal
structures of MF1 down to a resolution of 0.2 nm [51]: some with aluminum
and beryllium fluorides as planar transition state analogues in the phosphate
binding position [51–53], with bound inhibitors [54,55], and a symmetrical
structure of (ab)3 without nucleotides [56]. Most of the crystal structures
published so far showing (ab)3 and g have at least one empty nucleotide
binding site, none of them has bound ATP in any site, and the ones with the
best resolution have either ADPPNP, ADP.ALF3 or ADP.(ALF4)2 as ATP
analogues bound in one or two sites. It appears as if crystallization selects
stable but not necessarily active conformations.

One key element of the rotary electromotor is a ring of identical subunits,
subunit c. This subunit, a small hairpin of only 8.3 kDa molecular mass, has
been coined ‘‘proteolipid’’ because of its hydrophobicity. Its hairpin folding
with an essential acid residue (cArg61 in E. coli) located in the middle of
the membrane was first revealed by in situ photoaffinity labeling [57], and the
homo-oligomeric ring structure by cysteine mapping [58]. Solution NMR of the

Figure 6. (A) Schematic representation of the ATP synthase from photosynthetic

organisms, its subunits, their association with the membrane embedded F0 and the

peripheral F1, and the bipartite functional units, stator (red) and rotor (blue). (B) A

central slab of the F1 structure [12] (see the interpolative Movie 1w) with the mechanical

elements of rotary F1 indicated. (C) Crystal structure of the c-ring of F0 of the sodium

translocating bacterium Iliobacter tartaricus [60].

wAnimation of ATP-hydrolysis by F1 (energy minimized interpolation of the crystal structure)
(2001, D. Cherepanov). The movie can be viewed at www.bioligie.uni-osnabrveck.de/biophysik/
junge, with permission of Prof. Wolfgang Junge.
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isolated c-subunit in a mixed solvent provided a closer look at the structure of
the monomer (see [58,59] and references therein), and atomic force microscopy
corroborated the ring and led to an assessment of the number of subunits
involved (see below). Recently, the crystal structure of the c-ring was elucidated
at 0.24 nm resolution. It was obtained from Ilyobacter tartaricus, a bacterium
with a sodium transporting F0F1-ATP synthase [60]. The ring is hour-glass
shaped, and composed of eleven identical and hairpin-shaped subunits c
(Figure 6C). Each carries one sodium cation, right in the middle of the
membrane, that is coordinated by residues from the two legs of one c-subunit
plus one residue of a neighboring hairpin. In contrast with the C11-symmetry in
I. tartaricus the c-ring of the proton translocating yeast enzyme has C10-
symmetry (obtained by X-ray crystallography [61]), the one of chloroplasts
C14-symmetry (obtained by atomic force microscopy (AFM) [41], the ring of
Spirolina platensis C15-symmetry (again by AFM) [122], and the ones of E. coli
and of thermophilic Bacillus PS3 C10-symmetry (by crosslinking and function-
tests [62,63]). The c-ring of the electromotor of the ATP synthase is, therefore,
composed of 10, 11, 14 or 15 identical subunits, depending on the organism.
This has the following consequences: (i) The rotary holoenzyme, F0F1, copes
with symmetry mismatch between F1 (pseudo-C3) and F0 (C10,11,14), but it must
not (C15). (ii) Different organisms run at a different gear between the electro-
chemical and the chemical motor/generator. (iii) The stoichiometric ratio of
H1/ATP is not necessarily an integer number, in chloroplasts it is expected to
be 4.67 rather than 4, as has emerged from functional studies (Section 21.2.4).
(iv) At equal p.m.f. different organisms can sustain higher or lower ATP/ADP
ratios, depending on the respective gear.

In the holoenzyme the c-ring is firmly bound to the rotor elements of F1,
namely the ‘‘foot’’ of subunit g and subunit e. This has been evident from the
fact that some crosslinks between g and e [64], and between e and c [65], do not
inhibit the activity, so that it is reasonable to conceive subunits g and e as sitting
like a firmly attached spoke on the c-wheel (see [66]).

The subunit a of F0 is likely a transmembrane five-helix bundle [67] with
an essential arginine (aArg210 in E. coli) located on helix 4 one turn above
the middle of the membrane dielectric. The other subunits of F0, namely bb 0

or b2 in E. coli, are largely a-helical proteins, the two helices of b2 or bb 0

probably form a coiled-coil that stretches out from the membrane, over to and
tightly binding to one ab-cleft and farther up to and again firmly binding to
subunit d (see [68] and references therein). The binding of subunits d at the
very top of (ab)3 is very strong, with a dissociation constant of less than 1 nM
[69], and b binds with a dissociation constant of 150 nM to one ab-cleft [70].
The complex of three different subunits, named b, d, and F6, which make up
the peripheral stalk in MF0F1, has recently been crystallized and found to
form an extended and supposedly rather rigid double strand of parallel and
anti-parallel helices [71]. It is agreed that the peripheral stalk is firmly
attached to (ab)3 on one side and probably also to subunit a on the other.
Whether this linkage is elastically stiff, soft, or even floppy is a matter of
debate, but see below.
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21.3.2 F1, the Rotary Catalyst

21.3.2.1 Nucleotide Binding Sites and Cooperativity
Paul Boyer developed the concept of an alternating function of at least two
catalytic sites on the F1-ATPase, the binding change mechanism [72]. A
rotating mechanism involving three catalytic sites became evident by the
X-ray structure [12]. The hexagon of (ab)3 incorporates a total of six nucleotide
binding sites, three of which are catalytically active. If the affinity of the other
three is greatly reduced by mutation, these sites are unoccupied but the enzyme
remains functional (see [73] and references therein). The three catalytic sites
bind Mg-ATP with negative cooperativity. In a mutant F1 from E. coli with
engineered tryptophan residues as reporters of the nucleotide occupancy, the
respective dissociation constants are r1 nM for the first, some 100 nM for the
second (with the first one occupied), and some 10–100 mM for the third site (see
[74]; for TF1 see [75]). The ‘‘negative binding cooperativity’’ contrasts with
‘‘positive catalytic cooperativity’’ between these sites; the catalytic constant of
uni-site and bi-site catalysis (at very low ATP concentration) is much smaller
than the one of tri-site catalysis, which is considered as obligatory by A. Senior
and J. Weber [76]. Whether the structural coupling behind those cooperativities
is mainly attributable to contacts between subunits a-b-a or rather to the
position of subunit g in a-g-b contacts is not settled.

Movie 2y is a rather free animation of a concerted operation of three catalytic
sites in the synthesis direction powered by the proton-driven rotation of the
central shaft. These sites are supposed to be equivalent in the time average.
During forced turnover each of them cycles over three steps: (i) binding
of substrates, Mg-ADP and P, (ii) anhydride bond formation to yield bound
Mg-ATP, and (iii) release of the product, Mg-ATP.

Biochemical studies have led to the postulate of a reaction sequence
where one nucleotide site is always unoccupied (‘‘bi-site mechanism’’
open, low affinity and a tight site (O-, L-, T-site) [72,77]. They were later
coined bE, bDP and bTP because the crystal structure [12] showed one site
empty, one filled with ADP, and the third filled with AMPPNP (thought to
mimic ATP). Thus the crystal structure seemingly supports bi-site functioning.
Whether or not there is a real discrepancy between structural and biochemical
data is not quite clear. The crystals have been grown in the presence of the
bactericide azide, which promotes ADP-inhibition, and, therefore, they are
built from the ADP-inhibited and not from the working enzyme. However,
mutant enzymes with engineered tryptophans as fluorescent reporters of
nucleotide occupancy may have altered affinities for nucleotides. This matter
has remained open.

Figure 7 illustrates a tri-site version of the binding change mechanism. It
involves three filled sites that change their states of affinity between low,

yAnimation of the proton driven F0F1 ATP synthase (2005 by iAS, courtesy of IWF.de). The
movie can be viewed at www.bioligie.uni-osnabrveck.de/biophysik/junge, with permission of Prof.
Wolfgang Junge.
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medium and high (L-, M-, H-site) [78]. Hydrolysis of ATP rotates the
central shaft (red arrow) over 1201, which is divided into two rotary sub-steps,
the first one initiated by the hydrolysis of bound ATP and the second one,
claimed in this model, by the release of phosphate (see Section 21.3.2.2 for
biophysical evidence on which step generates torque). The very steps that
generate torque in F1 (in the model shown in Figure 7, the cleavage of bound
ATP and the release of phosphate) are the ones that drive proton pumping by
F0F1 (see below).

21.3.2.2 Rotations
A rotary mechanism of ATP hydrolysis by F1 was plausible as soon as the first
asymmetric crystal structure revealed the still picture of a molecular Wankel
engine. The first to catch the enzyme ‘‘in flight’’ was Richard Cross’ group [14].

Figure 7. Schematic representation of the rotary binding change mechanism in ATP

hydrolysis, after [78] (see text).
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They relied on crosslinking two engineered cysteines in subunits b and g
(Figure 8A). Assembling EF1 from a disulfite linked bg-pair (black-black in
Figure 8) plus two ‘‘hot’’ copies of subunit b (red), they found that the cleavage
and the subsequent reformation of the SS-bridge produced new bg-pairs
(red-black) if the enzyme hydrolyzed ATP, but the same pair if it was inactive.
Their conclusion was that the cysteine on subunit g could be linked to its
partner cysteines on all three copies of b. They found a similar result for the
reassembled EF0F1 under ATP synthesis [79].

The author’s group embarked on time resolving the rotation by a spec-
troscopic probe attached to the penultimate amino acid, a cysteine, of chloro-
plast CF1 (Figure 8B). The enzyme was immobilized on an ion-exchange gel
and the rotation of the dye eosin recorded by polarized laser photo-bleaching
and recovery [15,80]. Three phases of rotation were detected: (i) A very rapid
and range-limited librational motion of the long axis of the chromophore in
nano-seconds (librational diffusion around the single bond of the dye’s attach-
ment, with the range limited by protein contacts), (ii) further rotational
relaxation in about 30 ms (again libration around the single bond, with the
range widened by protein conformational changes in some ten ms), and (iii) a
slow phase (of about 100ms duration) that was only observed if the enzyme
was hydrolyzing ATP. The rotational relaxation time conformed with the
enzymatic turnover time under the given conditions [82,83]. The monotonic
decay of the polarization anisotropy implied that the rotation was stepping
with two or three but not more steps [80].

Whereas the first approach lacked time resolution and both the first and
second lacked information on the direction of rotation, the third approach by
the groups of Masasuke Yoshida and Kazuhiko Kinosita had it all (Figure 8C).
An engineered TF1 was fixed by His-tags to a Ni-coated solid support, a
fluorophore-labeled actin-filament was attached to the C-terminal end of
subunit g, and the position of the filament recorded by video-microscopy.
Under conditions of ATP hydrolysis they observed the counter-clockwise
rotation, viewing from the membrane side of F1 [16]. It conformed with the

Figure 8. Three techniques to detect inter-subunit rotation in F1 [66] (see text).
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expected sequence of events based on the asymmetric crystal structure, namely
that the convex side of subunit g progresses from facing bE via bDP to bTP [2].
A filament of typical length 2 mm is over 100� longer than the diameter of the
enzyme (E10 nm), its motion is overdamped by viscous drag such that sub-
steps are not detectable, and the enzyme turnover is slowed down from milli-
seconds to seconds. To overcome the rate limitation by viscous drag the same
laboratories used 40 nm gold beads on subunit g as reporter and recorded the
rotational speed at high speed (8000 video-frames per second) [81]. The large
size of the diffraction limited spot of the bead (width E300 nm) was not
deleterious because its centroid position was more sharply defined owing to the
eccentric mounting on the enzyme via BSA.

Figure 9 illustrates the experimental set-up and documents the stepping of
the eccentric spots. The stepping length was 1201, as expected, with two sub-
steps of 901 and 301. The 901 step was at least triggered if not driven by the
binding of ATP, the 301 step was independent of ATP. Both steps were rapid,
taken together they were completed in less than 250 ms (at saturating ATP).
That the ‘‘interim dwell’’, 2ms, was shorter than the apparent turnover time of
7.7ms in solution (turnover number 130 s�1) was attributed to the difference
between single molecule experiments (detecting the behavior of active enzyme

Figure 9. Recording of the rotary dynamics of rotary F1-ATPase using 30 nm gold

beads in dark-field microscopy and a high-speed video-camera [81] (see text).
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molecules) and ensemble experiments (detecting the mean behavior of active
and inactive ones) [81]. The same laboratories later revised the width of the sub-
steps into 801 and 401 intervals and assigned one of the ‘‘interim dwells’’ to the
cleavage of ATP [82] and to product release [83], respectively. The latter study
with fluorescent nucleotide analogues supported a tri-site (Figure 7) over a
bi-site mechanism.

Spectroscopic rotation assays have been refined as well. Polarized confocal
microscopy applied to immobilized single molecules yielded the first evidence
for three stepped rotary progression of subunit g [84]. The first to prove
rotation in the membrane bound enzyme, were Peter Dimroth and his col-
leagues. They used PF0F1-proteoliposomes, fixed by the enzyme on a solid
support, and recorded the rotating polarization of a dye molecule that was
covalently linked to subunit c. It revealed the rotation of the c-ring not only in
the direction of ATP hydrolysis but also for Na1-driven synthesis [85]. Peter
Gräber’s group used fluorescence resonance energy transfer (FRET) to monitor
the distance between two chromophores, one attached to the rotor and the
other one to the stator of EF0F1. Reconstituted in proteoliposomes, they
monitored transients of the resonance energy transfer during the rather long
passage time of the liposome, the femto-liter focal spot of a confocal micro-
scope, and observed the stepped rotation in either direction – synthesis and
hydrolysis of ATP [86,87]. Confocal single-molecule FRET is hampered, like
other single-molecule fluorescence techniques, by a poor signal-to-noise ratio.
This is because organic fluorophores bleach after absorption of only 105 quanta
of light. Quantum dots do not, but their size, some 10 nm, is not appropriate for
sampling small distances within a protein.

If any doubt as to the rotary function of F1 both in hydrolysis and synthesis
was left, it became obsolete by the following experiment: Hiroyasu Itoh et al.
[88] attached a magnetic bead to subunit g of immobilized TF1, rotated an
externally applied magnetic field and detected ATP production by chemilumi-
nescence of luciferin-luciferase. Straightforward as it sounds, this experiment
was a tough piece of work. The reduction of volume to minimize the dilution of
ATP and background photons were major challenges.

21.3.2.3 Torque and Thermodynamic Efficiency
The average angular velocity of a rotating fluorescent actin-filament was used
to estimate the average torque produced by F1 during ATP hydrolysis. In doing
so it was assumed that the angular velocity is limited by viscous drag, that the
filament can be approximated as a straight cylindrical rod, and that this rod is
exposed to the viscosity of the bulk medium. The torque (M) is then given by
eqn. (5), wherein o denotes the angular velocity and G the drag coefficient:

M ¼ Go ð5Þ

Consider a thin, long cylinder (length L, radius r) rotating in an unbound
fluid (viscosity Z). If the rotation is perpendicular to the long axis of the cylinder
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and fixed to one end the drag coefficient is approximately (see [89,90]):

G ffi 4p
3

� Z � L3

ln L
r

� �� 0:447
ð6Þ

In their pioneering paper, H. Noji et al. [16] arrived at the conclusion that the
torque amounts up to 40 pNnm. When sustained over an angle of 1201¼ 2p/3,
the progression per ATP molecule hydrolyzed, this torque implies a molar
mechanical work of 50 kJmol�1, which is less than the calculated free energy of
ATP hydrolysis under their conditions (72–87 kJmol�1, see [91]). Still, it was
taken to indicate nearly 100% efficiency of F1-ATPase [92,93]. H. Noji et al.
[16] were aware of a possible underestimation of the torque. An actin filament
(e.g., 2 mm long, 5 nm thick) anchored to a rotating shaft sticking out at a height
of about 10 nm over a surface does not ‘‘feel’’ the viscosity of the unbounded
bulk solution but a greater one, because of flow coupling to the surface, not to
mention surface friction and obstacles. The single molecule observation of
rotation by filaments, though spectacular, is actually restricted to a very small
fraction, 0.1–1%, of typically 100 filaments in the microscope field. ATP-driven
rotation is often obstructed, not only by ADP-inhibition of the enzyme but also
by surface contacts. Rotary trajectories with a constant slope (used to calculate
the torque) are highly selected examples.

Figure 10 illustrates an alternative way to determine the torque. It avoids the
above complications. The actin-filament is used as a spring-balance and the
torque is gauged by its elastic deformation [94–96]. The bending of filaments at
given torque depends very little on whether the counter-torque is due to viscous
drag, surface friction or blockade of the filament by an obstacle [96]. This
technique was applied to monitor the torque profile generated by ATP hydrol-
ysis in EF0F1 with the filament specifically attached to the c-ring of F0 (Figure
10C) [95]. The first row (Figure 10A) of video frames (40ms exposure each)
shows a rotating filament 3.2 mm long (see Movie 3z for an original record). The
filaments curvature is obvious. The second row (Figure 10B) shows the same
filament, now stalled. That it is still curved implies torque generation by the
enzyme despite stalling, probably by hitting an obstacle. The torque can be
calculated from the curvature once the flexural rigidity of the filament is
known. It follows from the variance of thermal fluctuations of the filament
tip (see [11]). A figure of 10�25Nm2 was the typical rigidity [95]. Figure 11
shows the resulting profile of the torque as a function of the angle. The mean
was 50� 6 pNnm. In the same set of experiments the torque calculated from
the angular velocity of rotation [eqn. (5)] was much smaller, only 20 pNnm,
revealing the inadequacy of torque determination from the rate of rotation.

Torque (M) times the angular displacement per ATP molecule (dF¼ 2p/3)
gives the mechanical work (DW) done on the filament. The molar mechanical

zOriginal video of rotating filament of 3.2 mm length attached to the c-ring of immobilized F0F1 as
illustrated in Figure 10(C) (95). The movie can be viewed at www.bioligie.uni-osnabrveck.de/
biophysik/junge, with permission of Prof. Wolfgang Junge.
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work is:

DW ¼ M � 2p
3
�NA ð7aÞ

where NA denotes the Avogadro number.
A mean torque of 50 pNnm implies a molar work of 63 kJmol�1. This figure

matches the calculated free energy of ATP hydrolysis in these experiments:

DW ¼ M � 2p
3

�NA ¼ �DGP ¼ �DG
�
P � RT ln

½ADP� � ½P� � ½Hþ�
½ATP� ð7bÞ

Figure 10. Rotary F0F1-ATPase with attached actin filament (length 3.2 mm). Enzyme

turnover is several orders of magnitude slower than without filament, which is curved by

the enzyme torque. The curvature of the filament has been used as a rotary spring

balance to gauge the torque independent of the magnitude of viscous drag and of the

interference of surface obstacles [94–96]. (A) Rotating enzyme with attached filament

bent by viscous drag. (B) Stalled enzyme by blocked filament contacting an obstacle on

the surface, the enzyme torque still bending the filament. (C) Specific attachment of actin

filament to the c-ring of detergent solubilized and immobilized EF0F1 [108].
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It implies that the enzyme indeed operates at 100% efficiency [94,95]. The
100% efficiency under these conditions has been considered as a particular
achievement, which it is not really. A filament 3 mm long reduces the rate of
ATP hydrolysis from 4100 s�1 in the free enzyme to less than 1 s�1. The
rotating enzyme thus operates slowly and close to equilibrium, as documented
in Figure 10(A), if not truly in thermodynamic equilibrium when stalled by an
obstacle (Figure 10B). Because the internal friction is negligible, the thermo-
dynamic efficiency between filament deformation and enzyme chemistry is,
trivially, expected to be 100%. A better way to appreciate this efficiency is to

Figure 11. Torque and free-energy profile of EF0F1 determined by the curvature of a

long actin filament attached to the c-ring of EF0 [95].
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say, ‘‘there is no slip in the power transmission between the chemical reaction
site and the proton translocating c-ring’’.

The above considerations [eqn. (7b)] give the thermodynamic view of the
chemo-mechanical transducer F1. It is approximated if the enzyme turns over
much more slowly under a heavy load than it would if free. In eqn. (7b) the
right-hand term is the entropic contribution to the free energy; it contributes to
the torque only if the on/off-rates of educts and products are higher than the
enzyme rotates, so that educts and products are in equilibrium. What about the
torque produced under kinetic limitation, far away from the equilibrium?
K. Kinosita and colleagues have investigated this situation. They recorded
the rotation rate as function of the ATP-concentration ranging from nano- to
milli-molar, using objects of different sizes to vary the load on the enzyme [97].
The results were discussed in terms of Michaelis–Menten’s description, which
relates the reaction velocity (v) to the substrate concentration (here [ATP]) by
two parameters, the Michaelis-constant (Km) and the maximum velocity (vm):

v ¼ vm � ½ATP�
ð½ATP� þ KmÞ and at limiting ½ATP� 	 Km ð8aÞ

v ffi vm

Km
� ½ATP� ¼ kappon � ½ATP� ð8bÞ

At saturating ATP concentration they found vm determined by the magnitude
of the torque and the viscous drag as expected [eqns. (5–7)]. However, Km

varied accordingly so that the apparent rate constant of ATP binding, kappon , of
E2� 107M�1 S�1 remained almost constant among enzymes with different load
and in the wide concentration range 1 nM to 100 mM ATP [97]. The latter was not
quite expected in view of the site-site-cooperativity. But, above 1 nM concen-
tration, there was no indication for switching from one mechanism of rotation
to another, from uni- via bi- to tri-site catalysis. As an obvious consequence the
possible functioning by a tri-site mechanism calls for dissociation constant
below 1 nM for the first two binding sites. There is a clear discrepancy between
this figure [97] and the dissociation constants determined by engineered try-
ptophans as engineered reporter group in the binding pockets [75].

At nanomolar ATP-concentration the rotion is stepped. During occasional
1201-jumps the same angular velocity, i.e., the same torque, was observed at
2 nM ATP as in the average under saturating 2mM ATP [97]. Let us consider an
enzyme waiting some ten seconds for the next ATP molecule to bind (the rate
being 4� 10�2 s�1 at 2 nM ATP). In the very moment when an ATP molecule
happens to jump (diffusion controlled) into the receptive binding site the
enzyme is certainly not in equilibrium with the nucleotides in the solution.
The torque produced during the sudden jump into the next angular position
that follows cannot depend on the entropic term on the right-hand side of eqn.
(7b). Pulsed torque under ATP-limitation is not expected to be the same as the
one detectable in thermodynamic equilibrium. Why it seems to be of equal
magnitude, whether by chance or not, has remained an open question.
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21.3.3 F0, the Rotary Electromotor

21.3.3.1 Concept of Rotary Proton Transport
Figure 12 illustrates a model for how proton transport may be coupled to
torque generation. It incorporates both essential elements, the homo-
oligomeric ring of c-subunits, each hairpin shaped and with an acid residue
in the middle of the membrane, and the a-subunit with the essential positive
arginine. This model has several fathers. Conceived by the author in 1992 and
discussed at several conferences since 1993 (see [66]), it was independently
conceived by Steve Vik [98] and has been theoretically treated by statistical
mechanics by George Oster and colleagues [99,100] and Dmitri Cherepanov in
the author’s laboratory [30].

The following simple principles of operation are agreed on: (1) The c-ring
carries out rotational diffusion relative to the a-subunit. (2) This stochastic
librational motion is restricted by two electrostatic constraints, namely that the
essential acid residue must be (a) deprotonated when facing the positive
arginine residue on subunit a and (b) protonated when facing the lipid core.
(3) There are two non-collinear access channels for protons from either aque-
ous phase leading to acid residues on the c-ring. The electrostatic constraint
related to the arginine in subunit a prevents short-circuiting of proton flow and,
together with the two non-collinear channels, it conveys chirality to the
electromotor. Movie 48 illustrates the back and forth fluctuation of the c-ring

Figure 12. (A) Schematic representation of the rotary electromotor, F0 [66].

8Animation of the rotary electromotor, F0 (2001, M. Sauer and W. Junge). The movie can be
viewed at www.bioligie.uni-osnabrveck.de/biophysik/junge, with permission of Prof. Wolfgang
Junge.
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relative to subunit a, which is constrained by electrostatic penalty until a proton
coming from the lower phase binds to a negatively charged residue and relieves
the constraint. This allows the progression of the ring by one step in the
counter-clockwise direction. The same step brings a proton at the other end of
the ring in contact with the exit channel, so that it leaves into the upper phase.
In this view the rotary drive counts and compares the probability of proton
entry from either side – it is an entropic ratchet. This simple model describes
equally well torque generation by proton transfer and proton pumping by
applied torque.

The model belongs to Brownian ratchets, which have been amply discussed
in the context of other motor proteins. As discussed in Richard Feynman’s
textbook on physics [101], it is a misconception that they are Maxwell demons
that perform useful work based on thermal fluctuations. Figure 13 illustrates an
archetypal ratchet. A particle diffuses asymmetrically in a saw-tooth potential
but it is essentially kept in place while the potential is on. When the potential is
off this constraint is relieved, and the diffusion is symmetrical. When the
potential is switched on again the particle drifts. The drift is asymmetrical
because of the saw-tooth shape of the potential, and it causes directed trans-
port. The energy input for transport is supplied by gearing up the potential but
not by Brownian motion. Compared with this classical ratchet with periodical
energy input, the above model for the electromotor of F-ATPase is an entropic
ratchet, where different probabilities of proton entry from the lower and the

Figure 13. Brownian ratchet mechanism (see text).
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upper phase, respectively, determine the direction of rotation and produce
work. The model for F0 is basically conceived to sample the entropic term
(RTln[H1]) of the free energy of the proton.

How does the transmembrane voltage come into play? One concept has been
based on the assumption that the two access channels are monospecific for
protons [66]. Obviously, a voltage difference of 120mV between the two phases
will decrease the pH at the central acid residue by one unit when viewed
towards the plus side and increase it by the same amount viewing towards the
negative side. Then we are back to the entropic ratchet.

Two modifications to the above simple mechanisms of rotary ion transport
have been discussed in the literature (see [102] and references therein). (i) Bob
Fillingame – based on seemingly conflicting structural data obtained by solu-
tion NMR of the c-monomer, on the one hand, and by cysteine-mapping of the
c-ring, on the other – proposed a model where the c-ring was not rotating as a
stiff entity but with obligatory swiveling of the hairpin-helices when in contact
with subunit a [103]. The recent crystal structure of the c-ring of I. tartaricus
[60], however, deviates from the one inferred from solution NMR of E. coli
subunit c. Because the arrangement of helices is now compatible with the one
from cysteine-mapping, i.e., a swiveling mechanism no longer needs to be
invoked. (ii) An asymmetric position in the membrane of the acid residues on
the c-ring was claimed, based on several lines of circumstantial evidence, and it
led Peter Dimroth to postulate a ‘‘one-channel model’’ [104] as opposed to the
‘‘two-channel model’’ shown in Figure 12. Again this topology is not supported
by the crystal structure [60].

The question of whether or not the c-ring rotates together with subunits g
and e relative to the stator subunits has been positively answered by cross-
linking subunit c with subunit e without loss of function in EF0F1 [65,105] and
by video-micrographic rotation assay [106–108].

21.3.3.2 Proton Conductance of F0

The magnitude of the proton conductance of F0 has been under debate for
mainly two reasons, (i) inadequate resolution of the pH-detector (e.g., glass
electrodes) and (ii) uncertainty about the number of active F0 in the assay
chamber. This has led to both under- and overestimation of the conductance by
orders of magnitude. Another factor is that a rotary proton carrier like F0 is
expected to show a conductance of femto- rather than pico-Siemens
(10�12 AV�1) at physiological pH. This has prevented the application of the
patch-clamp technique (resolution of pS) to the proton conduction of single
copies of F0.

A solution was found by spectroscopic techniques using the inbuilt ‘‘molec-
ular voltmeters’’ of photosynthetic membranes (see pioneering study in [109]).
Chromatophore vesicles of a purple bacterium were prepared to such small size
(diameter 30 nm) that they contained only about 0.3 copies of F0 on the
average (F1 removed). This allowed the determination of the unitary conduct-
ance in the subset of vesicles containing a single copy of F0 [30]. These mini-
chromatophores contained the full complement for the primary processes of
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photosynthesis, i.e., about 10 copies of the bacterial reaction centre and
the cytochrome bc1-complex. A sudden jump of the transmembrane voltage
(magnitude about 70mV) was generated by flashing the chromatophores with a
2 ns laser, and the decay of the voltage was monitored spectrophotometrically
by electrochromic absorption changes of intrinsic pigments, serving as a
molecular voltmeter with high time resolution [25–27]. The relaxation time of
the voltage was about 2.2ms in vesicles with F0 and was several orders of
magnitude longer after the proton conduction by F0 was specifically blocked.
The calculated unitary proton conductance of BF0 is 10 fS, which, at a voltage
of 100mV, implies 6240 protons transported per second. The conductance is
ohmic, and the proton specificity is extremely high. At pH 8 and against a
background of 100mM of K1 or Na1 the rejection factor is 107. Despite the
very high specificity the pH-dependence is rather low, in the wide pH range
6.5–10 it varies only by a factor of two [30]. This behavior was simulated by
statistical mechanics in terms of the rotary transport model of Figure 12.
The simulation required only three free parameters, including two different
pK-values in the access channels (6.1 and 10, respectively). The least that can be
said is that the rotary model is compatible with the observed conductance of F0

[30]. How does the conductance of F0 compare with the conductance of
gramicidin A? It has been determined in the pH-range 0–4 units [110]. Extrap-
olated to pH 8 the expected proton conductance of gramicidin A is only 1 fS;
this is tenfold lower than that of F0, which is astounding in the light of the
required rotation in the latter.

How does the conductance of F0 compare with the conductance of the
coupled enzyme, F0F1? The typical rate of ATP synthesis under high proton-
motive force (say at 200mV) is 300 s�1 or 100 rps. With a C10-symmetrical
c-ring the rate of proton transport is 1000 s�1, which is by one order of magni-
tude less than the expected rate of proton transport by free F0 (410000 s�1 at
200mV). Thus, F0 operates as a low-impedance motor for the chemical
generator, F1.

21.3.4 F0F1, the Rotary Twin-Engine

21.3.4.1 Fine-Tuning Versus Robustness
The ATP synthase, F0F1, is a paradigmatic enzyme that has it all, a rotary
electro-motor, a mechanical power transmission and a rotary chemical gener-
ator. How do they work together? Is one particular reaction step in one
component, e.g., the passage of one proton through F0, fine-tuned to a
corresponding step in the other portion, e.g., the breaking of one particular
hydrogen bond in F1? The evidence clearly favors a robust over a finely tuned
operation of this enzyme (see [94]).

Both its motor/generators are steppers. Their symmetries, C3 and C10,11,14,
respectively, do not match in some organisms, but they do, C3 versus C15, in at
least one. Sequence alignments between related subunits from different species
show high similarity for a few key domains, e.g., the nucleotide binding pockets
between ab and the ion-binding domain on c, but very low similarity between

476 WOLFGANG JUNGE



those portions and subunits involved in the mechanical action (e.g., only 13%
sequence identity for d between spinach chloroplasts and E. coli [111]). Figure
14 illustrates three types of severe structural alterations of the E. coli enzyme
that do not inactivate the enzyme. (i) The deletion of 3–12 residues at the
C-terminus of subunit g neither impairs ATP hydrolysis by solubilized F1 nor
the ability of the fixed enzyme to generate torque and to drive an actin filament
around [112]. This stretch on g – shown in red in Figure 14 – supposedly holds
the rotating shaft in its hydrophobic bearing (shown in dark blue). (ii) Insertion
of 14 residues or deletion of 11 in subunit b – the length-difference of 25 given
as a green bar in Figure 14 – does not impair the ability to perform proton-
coupled ATP hydrolysis and synthesis [113,114]. (iii) The fusion of flavodoxin –
shown in light blue – to subunit e left EF0F1 functional as well [115]. Another
wild construct, the chimeric enzyme, PF0EF1, gene-fused from a, b, g, and e of
E. coli and subunits a, b, c, and d of P. modestum is fully functional and displays
the Na1-translocation of its PF0 portion [116]. The fusion of two, three [117] or
five and ten copies of subunit c [63] in the rotor ring of bacterial enzymes is
likewise tolerated. From the above, clearly, the two motor/generators of ATP

Figure 14. Robustness of the F0F1-ATP synthase; gross structural modifications

without that EF0F1 loses its function. (i) Deletion of twelve C-terminal amino acids

(marked in red) that normally anchor subunit g in the ‘‘hydrophobic bearing’’ (dark

blue) of (ab)3 [69]. (ii) Insertion of 14 or deletion of eleven residues from subunit b (the

total length difference marked in green) [96]. (iii) Genetic fusion of flavodoxin light blue

into subunit e [14].
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synthase have not been coupled into a ‘‘finely tuned machine’’ as suggested by
some. The question is what makes this enzyme so tolerant against gross
structural modifications and change of gear in different organisms?

21.3.4.2 Elastic Power Transmission
The robustness of the function has fostered speculation on an elastic power
transmission between and within F0 and F1 [118,119]. Kinetic modeling of
proton transport and ATP synthesis seemed to support this view [66,93].
Conceivably, the rotor, with subunit g as a torsion spring, stores elastic energy
provided by proton transport though F0 and the peripheral stalk acts as an
elastic counter-bearing. What is the evidence?

Figure 10(C) shows the experimental set-up to address this question. The
enzyme is fixed on a solid support and hydrolyses ATP in a stepwise progres-
sion by 1201. Stepping implies discrete peaks of the torque (in loose terms
power strokes). An actin filament is specifically bound to the c-ring by engi-
neered step-tags [108]. It is exposed to the discrete torque pulses but its motion
is overdamped, so that the free end does not immediately follow the jumps of
the driving motor. It rotates quasi-continuously, and the stepping of the driving
motor is blurred (see [96] for the theory). Because of the slow motion under
heavy load (approximating thermodynamic equilibrium, as discussed above)
the momentary torque is reflected by the filament’s curvature. Curvature
analysis revealed the rather flat torque-profile shown in Figure 11(A) [95], a
minor period of 3 over 3601-rotation, was evident from Fourier analysis (see
insert in Figure 11B). Integration of torque over the angle yielded the work
output at the c-ring (Fig 11B), a rather straight line here calibrated in units of
kBT. Over 3601 it covers 83kT, i.e., 28kBT per ATP-molecule (67 kJmol�1).
Why does the stepper motor F1, which by itself has a strongly undulated energy
profile (activation energy of 40–50 kJmol�1), deliver an almost linear work
profile, i.e., almost constant torque, to its partner motor, F0? This situation has
been analyzed by solving the Fokker–Planck equation for a stepper motor that
is elastically coupled to a heavy load [95,96], and the result is illustrated in
Figure 15.

The solid line in Figure 15(A) describes the free energy profile of free F1 over
2401. The free energy difference between two minima reflects the useful work
from the hydrolysis of ATP. When the enzyme runs downhill to the right it
produces torque and delivers heat to the bath. When it runs uphill further to the
right, it borrows energy from the heat bath to cross the barrier. If the enzyme is
elastically coupled to the load, the elastic element stores the otherwise dissi-
pated energy and flattens the profile, as shown by the broken lines in Figure
15(A). The smaller the torsional rigidity of the power transmission, the
straighter the energy profile. [The torsional rigidity (C) relates the torque (M)
to the deformation angle (F) of a spring (length L) such that: M¼ (C/L)F.]

21.3.4.3 Kinetic Efficiency
The elastic power transmission has important consequences for the perform-
ance of rotary engines under load. Figure 15(B) describes the calculated
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rotation rate of the stepper motor F1 as a function of the torsional rigidity of
the elastic power transmission. A high rate requires a soft elastic transmission,
whereas a rigid one reduces the rate by orders of magnitude (see [95] for details).

This invokes another efficiency of the enzyme, namely the kinetic efficiency
(Zkin), as defined by the ratio of the reaction flux (J) over the maximum possible
flux (Jmax):

Zkin ¼ J

Jmax
ð9aÞ

Figure 15. The free energy profile (A) and the turnover rate (B) of a rotary stepper

motor as a function of the torsional rigidity of the elastic power transmission to a heavy

load [95] (for a detailed description, see text).
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as opposed to the thermodynamic efficiency (Ztherm):

Ztherm ¼ DW
�DG

ð9bÞ

wherein dW denotes the work done and DG the free energy difference of the
driving motor.

The thermodynamic efficiency is maximum if the enzyme is stalled, Ztherm¼ 1,
by definition of DG. For any realistic turnover of the enzyme the thermo-
dynamic efficiency drops. The kinetic efficiency, on the other hand, can be
influenced by engineering. An elastic power transmission straightens the free
energy profile to achieve constant torque and high turnover rate. Thus, the
elastic coupling is essential for the performance of ATP synthase under physio-
logical conditions. Take, for example, E. coli, where the enzyme uses p.m.f. to
produce ATP, and, vice versa, uses ATP to restore p.m.f. should it fall low. At
the compensation point each of the two motors runs against the heavy load
presented by the other one. Whether ATP production or consumption wins is
determined by the consumers of ATP and p.m.f. in the cell. This is where an
elastic power transmission provides a high turnover rate (Figure 15B). It
appears almost as a side effect of the elastic transmission that it guarantees
the robustness of function with different gears, using 4.7 protons per ATP in one
organism and 3.3 in another. Which physiological conditions call for different
gears is not yet clear. Elasticity also accounts for the functioning in structurally
modified constructs. ATP synthase is surely not the finely tuned twin-motor as
admired by some, it is rather its simplicity and versatility that is beautiful.

The molecular basis of the elasticity power transmission between F0 and F1 is
the subject of present research. The torsional and flexural compliance of
a-helices, the bending or the sequential breaking of hydrogen bonds, and the
proportion of elastic energy storage in the central shaft versus the peripheral
stalk are interesting questions to follow.

21.4 Outlook

ATP synthase is a paradigmatic enzyme that has it all, an electrical rotary
motor, a mechanical power transmission and a rotary chemical generator. ATP
synthase is surely not the finely tuned twin-motor as often imagined. Its
construction is rather distinguished by simplicity, robustness and versatility –
that is its beauty. ATP synthase is among the smallest, surely the most versatile
and perhaps the best understood, of nature’s nano-engines. With the clear
separation of its electrochemical, mechanical and chemical functions, their
association with distinct subunits, and with the conservation of these properties
over the kingdoms of life the F0F1-ATPase has been an ideal target for an
integrated attack by molecular genetics (best EF0F1), structural biology (best
MF1 and PF0), rotation assay (best TF1), and kinetic techniques (best CF0F1

and BF0F1). It has also been a unique feature that its dynamic behavior over
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the major reaction coordinate can almost be followed ‘‘by eye’’. Thus ATP
synthase presents itself as the appropriate subject for elucidating principles of
the electro-mechano-chemical couplings in enzymes. Although it is ‘‘done’’ for
undergraduate textbooks, it is not for deeper understanding, which is why it
will remain a subject of active research over the next decade, in the same way
that the bacterial reaction centre, bacteriorhodopsin and even myoglobin have,
long after the first principles of their operation were evident.
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